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CHAPTER 1: OVERVIEW OF THE LEOPARD CORAL GROUPER
Leopard Coral Grouper, Plectropomus leopardus (Lacepede, 1802), also commonly known as the Coral
Grouper or Coral Trout, are a member of the family Serranidae, comprised of grouper and sea bass.
Their bright external coloration and firm white meat have made them a high value species in the live reef
food fish (LRFF) trade of Southeast Asia and Oceania (Sadovy et al. 2003).
Although documented throughout much of the Indo-Pacific, the International Union for Conservation of
Nature (IUCN) has observed decreases in the abundance of market size P. leopardus throughout much of
its range likely due to increased commercial fishing pressure (IUCN 2018). As fisheries in Southeast
Asia have collapsed, commercial fishing for this species has largely relocated to Australia and its
surrounding waters. The IUCN reports substantial decreases in the observed density of P. leopardus on
reefs throughout its range and corresponding increases in catch effort in the past several decades (IUCN
2018; Mclean et al. 2011).
Due to the trend of declining catch efficiency for many species of grouper, attempts to culture grouper
like P. leopardus have been ongoing for the past four decades. These attempts have been plagued by
early mass mortality and low survival to the juvenile stage (Ma et al. 2013; Yoseda 2008). Many of these
incidents are attributable to larval food deprivation as a result of the relatively small mouth gape sizes of
larval grouper at first-feeding in comparison to the size of commercially available feeds (Ma et al. 2013;
McKinnon et al. 2003; Yoseda 2008). Recent advances in copepod nauplii production have enabled
mass production of this new and very small live feed, which has demonstrated improved early larval
survival and growth (Burgess et al. 2019).

Distribution and Habitat
Leopard Coral Grouper occur in the Indo-Pacific
from Japan to Australia and from Indonesia to Fiji
(Fig 1-leopard grouper geographical range).
Juvenile P. leopardus tend to reside in coral
rubble substrata, while adults favor higher relief
coral features (Light & Jones 1997). Adults are
mainly found inhabiting coral reefs between
depths of three and 100 m (Heemstra & Randall
1993; Lieske & Myers 1994).

Anatomy
The body of P. leopardus is elongate and robust,
with the body depth averaging 3 to 4 times its
standard length. Its mouth has a superior
orientation, with the upper jaw featuring two large
canines and the lower jaw one to four large
canines. Adult coloration can vary from olive to
brown or red depending on habitat or activity –
individuals may change their coloration during

Figure 1.1 Geographical range (in brown) of the Leopard
Coral Grouper, Plectropomus Leopardus. Based on an
image from IUCN 2018.
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territorial or mating displays. The head, dorsal and lateral regions, and median fins are covered in small
bright blue, dark edged spots, while the ventral region is less spotted. P. leopardus exhibits little sexual
dimorphism, but males may attain slightly larger sizes. Adult males attain lengths of 70 cm from snout to
caudal fin, or 57 cm standard length (SL - excluding caudal fin) (Heemstra & Randall 1993).

Reproduction
Adult P. leopardus are solitary, diurnal, and almost exclusively piscivorous, feeding mainly on atherinid
and scarid fishes. Juveniles exhibit a similar diet but additionally prey upon benthic crustaceans.
P. leopardus are protogynous hermaphrodites; all juveniles are female, and some later become male.
Estimates vary as to the size and age at which females reach sexual maturity, but for most individuals it
is likely between 20 and 36 cm SL or between 1-3 years of age (Adams 1996; Ferreira 1995; Heemstra
& Randall 1993; Samoilys 2000[CKC1]). The factors that prompt sex change in this species remain
unresolved, but age, size and/or behavior have all been proposed as potential triggers (Ferreira 1995;
Samoilys & Squire 1994). Pre-maturational sex change (males developing from immature females) has
been observed in two separate studies, demonstrating that other exogenous factors may influence the
timing of sex change (Ferreira 1995; Adams 1996).
In the Southern Hemisphere, spawning occurs during the spring and early summer (September through
December), with the greatest activity observed during the month of October and during the period
surrounding a new moon (Ferreira 1995; Heemstra & Randall 1993; Samoilys & Squire 1994). During
spawning season, the normally solitary adult P. leopardus form spawning aggregations on the reef.
Polygynous males defend territorial claims within the aggregation and compete to attract females.
Asynchronous oocyte development in females and continuous spermiogenesis in males allow individuals
to spawn multiple times during the spawning season (Ferreira 1995).
Courtship and spawning occur shortly after sunset, with pairs of males and females breaking off from the
aggregation and releasing milt and eggs near the water surface (Samoilys & Squire 1994). A single fouryear-old female can bear more than 450,000 eggs at a single time (Heemstra & Randall 1993). Both
males and females have been observed to spawn multiple times in one evening. While P. leopardus are
generally not considered sexually dimorphic, during courtship males become highly distinguishable from
females due to their color change (Heemstra & Randall 1993; Samoilys & Squire 1994). Courting and
spawning males rapidly change their coloration, darkening the edges of their dorsal, ventral and caudal
fins.

Market Popularity
P. leopardus is a high value species in the LRFF trade of Southeast Asia, especially in Hong Kong,
China, which accounts for more than 50% of the trade. Live market size adults commonly fetch prices of
$50-75 kg-1 (USD), with prices peaking around $100 kg-1 during holidays (Ma et al. 2013; Sadovy et al.
2003). The price of a live fish can easily double that of a dead fish.
The high value and high demand for P. leopardus has resulted in heavy exploitation by commercial
fishing ventures throughout the Pacific and Indian Ocean. Initially, most P. leopardus were harvested
from the reefs near Hong Kong. These waters were quickly depleted, and the fishery began to expand
throughout the Pacific Ocean (Sadovy & Cornish 2000). As the fishery has expanded in both fleet size
and geographical extent, the demand for P. leopardus has rendered them a vulnerable species. Their
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spawning aggregation behavior contributes to their vulnerability, providing dense fishing grounds even
as their geographical population density crashes. Overfishing has depleted populations throughout
Southeast Asia, finally prompting most of the fishing effort to relocate to Australia. Currently, the
majority of P. leopardus found in the LRFF trade are transported by air from Australia to Southeast
Asia. This species accounts for 90-95% of all LRFF species shipped to China from Australia (Sadovy et
al. 2003). More recently, Australian fisheries are also exhibiting signs of overexploitation; within a fiveyear period, catch rates across different Australian fisheries declined by 59-80% (Ayling et al. 2000).

Culture
Most fish within the LRFF trade are wild caught either as adults ready for market or as juveniles to be
grown to market-size in cages or ponds. Only a small percentage (less than 10%) are reared from egg to
adult using aquaculture techniques (Sadovy et al. 2003). Although attempts to culture grouper (mostly in
Asia) began over four decades ago, early efforts have suffered very low survival rates (<1%) during the
larval stages (Yoseda 2008). Aquaculturists recorded improved larval survival rates by using super small
and small strain rotifers as feed, increasing the densities of rotifers, and optimizing temperature, salinity,
and light conditions. Nonetheless, survival rates did not improve enough to render mass production
financially viable (Duray et al. 1997, 1996; Ma et al. 2013; Russo et al. 2009; Yoseda et al. 2003).
Researchers attribute this failure to adequately increase survival in P. leopardus (and similar grouper
species) to the enduring problem of food deprivation during the transition from endogenous to
exogenous feeding (Yoseda 2008). Larval grouper have a very small mouth gape size at first-feeding,
restricting them to only the smallest prey items (Ma et al. 2013; McKinnon et al. 2003). Due to their
small size (<100 µm), hatcheries have started to use copepods, the natural prey items of many marine
larval fish, as a first-feed item (Llopiz & Cowen 2009; Melianawati et al. 2013; Russo et al. 2009;
Sampey et al. 2007; Toledo et al. 1997). Copepods contain high levels of biologically available highly
unsaturated fatty acids (HUFAs), protein, and free amino acids. Certain copepod species additionally
provide digestive enzymes, antioxidants, iodine and a variety of vitamins (Ajiboye et al. 2011;
Conceição et al. 2010; McKinnon et al. 2003; Schipp 2006l; Støttrup 2000).
Introducing wild-collected and cultured copepods into the diet of larval P. leopardus initially resulted in
only modest increases in survival and growth, but it demonstrated the potential of a live, small first-feed
option to improve survival (Melianawati et al. 2013; Russo et al. 2009; Toledo et al. 1997). Recently,
improved culturing techniques have allowed for copepod nauplii (larvae) and eggs to be produced in
high enough densities to test their suitability as a feed for larval P. leopardus (Kline & Laidley 2015).
The addition of Parvocalanus crassirostris nauplii, a paracalanid copepod, to the industry standard
rotifer diet for P. leopardus resulted in survival rates improving from 0.5% to 9.9% at 21 days post hatch
(Burgess et al. 2019). At 21 days, specimens on the P. crassirostris diet achieve significantly greater
average sizes than those on a pure rotifer diet, exceeding their counterparts by 18% in length and 24% in
width. These findings greatly improve the prospect of commercial viability for P. leopardus aquaculture.
However, late stage mortality, shock syndrome and cannibalism continue to hinder the industry.
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CHAPTER 2: BROODSTOCK

Figure 2.1 Mature P. Leopardus collected in Palau and used for broodstock at the Oceanic Institute of Hawai'i Pacific
University.

Broodstock Care
Coral grouper broodstock were originally collected by local fisherman in Palau using hook and line in
October and November of 2014. Eighty seven fish were collected in total, however 22 fish did not
survive the initial collection and transportation process and therefore 65 fish were acclimated and
conditioned at PCC hatchery (our original goal was to maintain ~ 50 total). The fish that did not survive
were frozen and later dissected to determine sex and maturation level at the point of collection. All
remaining live fish were also weighed and measured to get an estimate of body mass for feeding and to
assess likelihood of maturation. It was determined that females can mature at a very small size (< 200g).
Of the fish sampled, mature females ranged in size from 24cm, 0.18kg, to 43cm, 0.74kg. The average
mature female size recorded was 33cm, 0.47kg. Males were larger and observed to be mature from
30cm, 0.66kg to 41cm, 1.14kg. The average mature male size recorded was 36.6cm, 0.87kg. Males and
females were represented fairly equally in our collected population, with roughly 50% of each sex
occurring.

The resulting broodstock population was maintained at PCC hatchery in flow-through seawater tanks
and was quarantined for external parasites. Formalin treatments (200ppm for 45-60min) were very
effective at eradication of the parasites, however re-infection (due to inadequate filtration of the seawater
supply) proved to be a recurring challenge. In December 2014, reinfection by these parasites caused
large mortality of the broodstock (loss of over 50%). To prevent further re-infection, a sand filter was
installed to provide better mechanical filtration of the broodstock tanks’ incoming water.
The remaining population (30 pieces) was divided into two groups of 15 fish each. One group was
maintained in a 40 ton tank, while the other was maintained in a 6 ton tank. The average length of fish at
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this stage was ~35cm and the average weight was
550g. The fish were fed a mixture of raw fish
(sardines and tuna scraps) once daily to satiation.
To facilitate additional larviculture research, eight
mature P. leopardus were transferred from PCC to
Oceanic Institute in June, 2017. Sex ratios of the
fish were unknown. After the fish had been
quarantined, they were held in an outdoor 30,000L,
fiberglass tank provided with sand-filtered,
ultraviolet-sterilized, flow through seawater, at a
rate of approximately six turnovers per day,
supplied by an onsite well. A double layered shade
cloth was placed over the top of the tank to prevent
the growth of algae. Six air stones attached to
airlines provided extra aeration to the tanks. Four
PVC “reefs” were placed in the tank to provide
refuge for broodstock and minimize aggressive
behaviors (Fig 2.2). Leopard grouper are
protogynous hermaphrodites and when changing
sex can become especially aggressive. Despite the
use of the reefs and careful monitoring, aggression
was still present in the eight grouper and this
resulted in five additional mortalities over the
course of the project.
Grouper were fed once every other day to satiation
on a diet of raw, chopped squid, capelin, and
shrimp. They also received a gel-based feed for
carnivorous fish (Mazuri, Arden Hills, MN) two to
three times per week. Gel was made according to
manufacturer's instructions and was cut into sticks
weighing approximately 30g each.
Regular cleaning of the tanks is an important aspect
of broodstock care to promote health, reduce the
occurrence of parasites and disease, prevent the
growth of algae, and to maintain optimal water
Figure 2.2 Broodstock tank set up and PVC reef.
quality. The tank walls, bottom, airlines, air stones,
and reefs were scrubbed once a week to once every two weeks with a scouring pad. After scrubbing, the
tank was then flushed with clean saltwater to remove any uneaten food, feces and algae that had settled
in the tank.
In the case of disease or illness, the fish would be separated from the tank and placed in a quarantine
tank with clean, flow through seawater and aeration. If external wounds were present, every other day
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the fish would be placed in a solution of hydrogen peroxide
at a concentration of 3ml H2O2 per 10 L of saltwater until
the wound appeared to be mostly healed.

Egg Collection
Eggs were typically collected and evaluated in the morning
following a spawn. Eggs nets were removed from external
overflow containers to be rinsed. Eggs were then carefully
rinsed with saltwater and rinsed into a graduated beaker.
Volume of the container set to a known volume i.e. 1L, 1.5L,
2L etc. Once rinsed into a pitcher vigorous aeration was
added via a glass rod connected to an air pump. Eggs were
allowed to mix for approximately 2 minutes to achieve
homogenization before sampling. While under aeration 10,
1mL samples were taken at random points within the beaker
or pitcher and collected into a smaller beaker (<50mL). The
10mL sample was then taken to a microscope and added to a
10mL capacity Ward counting wheel (Fig. 2.3) for
enumeration and viability assessment. Quantity of eggs was
determined by counting the number of eggs in the sample
divided by sample volume and multiplied by the total volume
of the collection pitcher demonstrated by the following
equation:

Each evening an egg net was placed in the broodstock tank’s
egg collector box. The net was constructed using a square
PVC frame with 300μm mesh attached (Fig. 2.4). A PVC ring
was used to weigh down the net to ensure eggs stayed
submerged until collection. Water flow into the box was
gentle to avoid turbulence and subsequent egg damage.

Figure 2.3 10ml Ward counting wheel and
evaluation of eggs.

Each morning following a spawning event, eggs were collected
from the net. Saltwater was used to gently rinse eggs to the
center of the net. Eggs were then transferred to a 1L beaker by
inverting the net and gently rinsing into the pitcher. The beaker
was filled to a final volume of 1L with saltwater (Fig. 2.5).
Vigorous aeration was used in the beaker to evenly distribute
the eggs throughout the pitcher and 10, 1-ml subsamples were
then taken from the beaker using a 1ml glass pipette. This 10Figure 2.4 Net used to collect eggs from
ml subsample was observed under a binocular dissecting
broodstock tank.
microscope in order to obtain a total count and determine egg
viability. A 10-ml acrylic counting wheel and laboratory
counter were used to count the number of viable eggs and
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unviable eggs. These, as well as the total number of
eggs spawned, were recorded. Viability was
determined by whether the eggs were buoyant or
not. Eggs that were positively buoyant were
considered viable and eggs that were negatively
buoyant were unviable or unfertilized. Viable eggs
were translucent and had one oil droplet.
P. leopardus spawning is believed to take place
between 09:00 pm-03:00 am during the new moon
phase. Broodstock began spawning in July, 2017,
weighing approximately 2kg. There were nine
spawning events during the month. The mean
Figure 2.5 Harvested eggs in known water volume
number of eggs for the month of July was 8,545
with the range being between 0-78,000 eggs per
spawning event. Spawning data was recorded from June 2017- October 2018 (Fig. 2.6). During 2017,
1,294,800 viable eggs were recorded, while 2018 had 6,083,050. Number of viable eggs dropped in the
winter months between November and February.

Figure 2.6 Leopard grouper recorded spawning events from July 2017-October 2018. Blue and orange lines represent
the number of viable and unviable eggs, respectively.
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CHAPTER 3: ALGAE AND LIVE FEED CULTURE
ALGAE CULTURE
Algal Species
There are two major algal species grown at the Oceanic Institute (OI) used for copepod rearing:
Tisochrysis lutea (strain CCMP463) and Chaetoceros mulleri (strain CCMP194). These algae have high
amounts of polyunsaturated fatty acids (PUFAs), which have proven ideal for copepod growth and
production. T. lutea is a mobile prymnesiophyte collected from Little Water Cay, of the Turks and
Caicos Islands in the British West Indies. It is a mobile alga that grows 4-8 μm long and 4-6 μm wide
and has a temperature range of 17-30°C. C. mulleri is a centric diatom collected from saline Crater Lake,
in the Galapagos Islands, Ecuador. It grows 5-10 μm long with spines up to 50 μm long and has a
temperature range of 22-26°C.
A third alga, Tetraselmis species (strain CCMP963), is also grown and is sometimes used to add
background contrast to larval grouper tanks to help the fish better see and catch live prey. Tetraselmis sp.
is a chlorophyte that was collected from Mataiva, Tahiti, of the Society Islands in the South Pacific. It is
a highly motile alga with a size range of 3.5-25 μm and has a temperature range of 22-26°C.
All algal species can be acquired through Bigelow National Center for Marine Alga and Microbiota.

System Configuration
The algae lab is divided into two major areas: the flask and carboy room where batch culture methods
are utilized for smaller algae culture, and the cylinder room where a flow through system is used for
larger culture. Cylinders are run for 40 days with minimal effort compared to the batch culture method
described below for smaller culture vessels. Due to the large amounts of algae required to feed the large
copepod and hatchery tanks, the flow through system is much more practical for commercial hatchery
use. Both rooms are temperature controlled and kept at 22°C (±2°C) keeping all algal species within
their ideal temperature ranges.
The cylinder room is fitted with 16 bays of cylinders for algal culture each with a set of LED lights and
water/air inputs (Fig. 3.1). Bays where C. mulleri and Tetraselmis sp. are kept contain a total of 6 Thrive
Agritech LED lights while bays where T. lutea is grown contain a set of 4 lights (Fig. 3.1). Cylinders are
fitted with bulkheads at the top so that drip lines may be attached and the excess algae that flows out of
the cylinder can be used either downstairs in the copepod Maturation and Production rooms or in the
hatchery depending on the species.
Drip lines for T. lutea and C. mulleri run downstairs first to the copepod production room. Lines hanging
from the drip lines above each copepod production tank are turned on at the end of the day and used to
feed the tanks overnight (Fig. 3.1). During the day these lines are turned off to allow harvest tanks to fill.
Algae that don’t get directed through the production drips continue through the drip lines and are finally
collected in 1000 L harvest tanks in the copepod maturation room. These harvest tanks begin filling after
the drips have been heat sterilized and dried (see daily maintenance section below) and continue to fill
until the next day. Algae collected and stored in the harvest tanks are then used each day to feed the
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Figure 3.1 Setup algae cylinder (Left), algae cylinder LED light setup (Middle), algae drip feeding copepod production
tanks (Right).

copepod maturation tanks. Drip lines for Tetraselmis sp. run through the algae lab wall into the larval
fish hatchery and fill two 200 L harvest tanks. The tanks are then used twice daily to add algae to the
larval tanks for background contrast.
The flask room contains a series of shelves with multiple air fittings to support a number of flasks and/or
carboys depending on algal needs. Smaller shelves for flask culture are fitted with 1 LED across and
larger shelves for carboy culture are fitted with 2 LEDs across. The air system winds at the top of each
shelf and has an outlet at the very bottom with a valve. This outlet helps to avoid condensation that can
build up in the system from affecting culture vessels attached to it. If moisture builds up in the lines,
gravity will force it to flow to the outlet and the valve can be purged to let the water out.
Eight ½ horsepower Easy Pro blowers support the air needs for the lab. Air is pre-filtered before being
run through to the algae lab. Additional 0.2 µm disc filters are used in the flask/carboy room before
being attached to flasks. When air is turned on to a cylinder, it is run through a flow meter and attached
to the cylinder spout at the bottom for mixing and to support algal growth.
11

In the cylinder room, filtered seawater (FSW) is run
through a pasteurizer that heats and sterilizes the
water to 85°C (±5°C) (Fig. 3.2) and then cools the
water to 28°C before entering the lab. When a
cylinder is running, water is turned on to that bay, run
through a flow meter and attached at the top of the
cylinder to drip in at a desired flow rate that varies
based on species.

Culture Methods

Batch
Batch culture is used for smaller volume culture
Figure 3.2 Seawater pasteurizer set-up including heater,
vessels up to 20 L. In order to keep the algae clean
heat exchanger and control unit.
and healthy for batch culture, transfers to new
culture vessels are performed every 7 days. During the 7 days, the algae grow more and more dense.
Once dense enough, 2 L flasks are transferred to new flasks and/or 20 L carboys and dense carboys are
transferred to 275 L cylinders. Once an alga has been transferred to a cylinder, the culture is grown via a
flow through method for 40 days.
Master flasks of each algal species are kept as starter cultures and serve as emergency backups in the
case that other larger cultures become contaminated. They are stored in 250 mL flasks in a dark corner
of the flask room with no light or aeration keeping the algae in a semi dormant state. These flasks are
swirled once daily in order to keep the algae alive without stimulating them to grow. The algae are kept
in this semi dormant state for a maximum of 4 months or until the lab is ready to start scaling up a
species for use in the hatchery.
It takes about 3 weeks to “wake up” a master culture and scale up for hatchery use: 1 week to wake the
master and transfer to a 2 L flask, another week for the 2 L flask to grow dense enough to be transferred
to a 20 L carboy, and a final week for the carboy to grow dense enough to start a 275 L cylinder.
To start the scaling up process, a master flask is exposed to 24hr light and gentle aeration. The culture
sits for about a week and the air is slowly increased over the 7 days as the alga grows. On the 7th day the
density of the flask is counted and the sample is checked for contaminants. If clean and healthy, 1 mL of
the culture (no matter the algal density) and 0.3 mL of nutrients are used to start a new master flask that
has been filled with autoclaved FSW. The new master flask is then stored in the dark with the other
masters and kept dormant. The rest of the original master is then used to stock a 2 L flask. Flasks of C.
mulleri and T. lutea are stocked at a density of 0.5 million algal cells per mL while flasks of Tetraselmis
sp. are stocked at 0.125 million algal cells per mL. To stock a new flask, the density of the culture is
counted and used to calculate how many mL need to be transferred to the new flask in order to stock it at
the target density.
New flasks are filled with 1800 mL of autoclaved seawater and setup as seen in (Fig. 3.3). A #10 stopper
with two holes at the top holds both a glass elbow for venting, and a long glass rod that extends to the
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bottom of the flask for aeration input and
mixing. Both the glass elbow and glass
rod have tygon tubing attached with lure
locks at the end for airlines to attach to.

Figure 3.3 Autoclaved flask setup (left) and transfer of water out of
autocaved flask in preparation for algae addition.

Once the amount of algae needed to be
transferred is calculated, the same
volume of water in the new flask must be
removed to ensure the new flask is
stocked at the correct density. In order to
remove water from the new flask while
keeping it sterile, air can be attached to
the lure lock on the glass elbow and
turned on. The incoming air increases the
pressure in the flask forcing its contents
up the glass rod and out of the flask (Fig.
3.3). Once the correct volume of water
has been removed, 3 mL of nutrients are
added to the flask.

Staying clean and sterile is paramount
when transferring algae from one culture
vessel to the next so that cultures stay as
free of contaminants as possible. Once a
flask is prepped and has been given
nutrients, it is ready for the transfer. The
lure locks on the glass rods of each flask
are connected together and air is
connected to the elbow on the old flask.
Just as water was removed from the new
flask, pressure builds in the old flask and
algae is forced up the rod and into the
new flask without being exposed to the
open air (Fig. 3.4). The air is taken off
when the volume of the new flask is
brought up to 1800 mL. The flask is then
Figure 3.4 Transfer of algae to autoclaved flask.
given a new, autoclaved disc filter,
aerated at a rate of 6 SCFH and kept in 24hr light for 7 days. In general, a master flask will only be able
to stock 1-2 2 L flasks (depending on density) while a 2 L flask has the capability to stock multiple
flasks and 1-2 carboys.
Stocking a carboy is very similar to stocking a flask. Before the transfer, a new carboy is filled with 20 L
of FSW, chlorinated with 50 mL of 12.5% bleach and left to sit overnight. A lid with two holes at the top
is setup in a similar fashion to the flasks as seen in (Fig. 3.5). The morning of the transfer, the water is
dechlorinated with 7g of Sodium Thiosulfate and aerated for a few minutes. Carboys are then checked
13

for residual bleach using Aquacheck ® test strips. Once
cleared of bleach, 30 mL of nutrients are added to the
carboy. Unlike flask transfers, no water is removed
before the transfer to the carboy.
Flasks are always stocked at a certain density and
grown in the same fashion for 7 days every transfer,
and because of this, densities are very similar from
week to week. Due to this consistency in flask density,
a carboy can be stocked with 700 mL of a flask
(regardless of density) for the transfer. On average,
stocking densities for carboys are 0.88, 0.56 and 0.19
Million cells /mL for T. lutea, C. mulleri and
Tetraselmis sp. respectively. Once transferred, carboys
are set at an aeration rate of 20 SCFH and kept on 24hr
light for the 7 days of its growth.

Flow Through
While flasks and carboys are able to get much denser
than cylinders, they do not provide enough algae for the
hatchery or copepod tanks. Instead, a carboy is used
Figure 3.5 Prepped carboy
to setup a 275 L cylinder that runs on the flow
through system described in the system configuration
section above.
To start a cylinder, all carboys of an algal species are
sampled, counted for density and centrifuged to check
for contaminants. The cleanest and densest of the
carboys is chosen and used to stock the cylinder. The
carboy is then poured into the cylinder with a lid placed
on top to avoid falling debris and water/air inputs
attached (Fig. 3.6).
Water/air flow rates differ for all algal species and are
slowly increased over the first 3 days. After the third
day, water/air flow rates are kept consistent for the
remainder of the 40 days of the cylinder’s lifespan. For
a T. lutea cylinder, flow rates start at 1.0 GPH and 30
SCFH on day 1. On day 2, rates increase to 1.5 GPH
and 40 SCFH and by day 3, rates are increased one last
time to 2.0 GPH and 50 SCFH. For a C. mulleri
cylinder, flows start at 1.0 GPH and 30 SCFH and are
increased over the next two days to 2.0 GPH and 40
SCFH, and then 2.6 GPH and 80 SCFH. Tetraselmis
Figure 3.6 Cylinder after adding carboy
sp. cylinders are brought up a little slower than T.
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lutea or C. mulleri cylinders. Flows start at 0.5
GPH and 30 SCFH day 1, increased to 1.0 GPH
and 40 SCFH on day 2 and, by day 3, are
increased to 1.6 GPH and 50 SCFH. When a
Tetraselmis sp. cylinder reaches its maximum
volume and begins to overflow to the drip lines,
the cylinder is put on CO2 to lower the pH to
8.5. The lower pH helps the culture grow to a
higher density so that fewer cylinders can be
run to support needs in the hatchery. When a
cylinder is on CO2, the air rates are then
decreased to 30 SCFH for mixing since the air
is no longer needed for algal growth.

Daily Maintenance
Cylinders need to be monitored twice daily
Figure 3.7 Getting nutrients and feeding to cylinder.
for the full 40 days they’re running. Every
morning and every afternoon before leaving
for the day, air and water flows are checked and adjusted if needed. The pasteurizer is also checked to
make sure it is running properly maintaining a temperature no lower than 82°C and a pressure no higher
than 10 psi. Each cylinder is then sampled, water quality is recorded and the density is counted using a
hemocytometer. Densities of each algal species typically lie between 2 and 3 million cells/mL for T.
lutea, 3 and 4 million cells/mL for C. mulleri and around 1 million cells/mL for Tetraselmis sp.
cylinders. A 50 mL sample is also taken from each cylinder, centrifuged at 21°C at a rate of 4000 rpm
for 5 minutes and examined for any ciliates or other contaminants.
All cylinders also need a daily dose of nutrients to stimulate growth. MICRO ALGAE GROW MASS
PACKS ™ by Florida Aqua Farms Inc. are used and fed based on both algal species and water flow
rates. Calculations are listed below for the volume harvested and nutrient additions for each algal species
respectively. To feed a cylinder, the calculated amount of nutrients are collected in a syringe and a lure
lock system is used to deliver the nutrients in through the airline that attaches to the bottom of the
cylinder (Fig. 3.7).
Volume Harvested:
Tisochrysis lutea Nutrients:
Chaetoceros mulleri Nutrients:
Tetraselmis sp. Nutrients:

Water flow (GPH) * 3.785 * 24
Volume Harvested * 0.275
(Volume Harvested *0.275) + (0.2*75)
(Volume Harvested *0.275) + (0.2*75) + 10

Drip lines and harvest tanks for T. lutea and C. mulleri cylinders are heat sterilized once a day after
copepod maturation tanks have been fed. The valves at the end of each cylinder drip are closed, and the
fresh water sterilizer is hooked up to the line that runs down to the harvest tanks. The sterilizer heats the
water up to 73°C and is pumped through the lines at a flow rate of 8 L per minute. Water is run through
the lines for about 5 minutes to clean and sterilize them and then air is connected to the system for at
least 10 minutes to allow the lines to dry. During this process, the volumes of the cylinders will increase
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above the bulkheads. Once finished, the cylinder drip valves are reopened, and the drip lines and harvest
tanks begin to refill.

Weekly Maintenance
In addition to daily maintenance, certain days have additional tasks that need to be completed once a
week to ensure cleanliness in the lab. These include: heat sterilizing all water lines, prepping flasks and
carboys for the algae transfer the following day and general cleaning.
There are 3 main steps for heat sterilizing the water system in the lab and each is run for a total of 15
minutes. Before the first step can be initiated, FSW flows to the cylinders, pasteurizer and between the
pasteurizer and heat exchanger are all shut off temporarily. The pasteurizer is the one piece of the system
that does not get heat sterilized. In contrast to sterilizing the drip lines, the fresh water is run through the
system at a much lower flow of 4 L per minute. This is the lowest flow the system can run on without
burning up the heating coils, while at the same time, heating the water to the highest possible
temperature.
The first step is to heat sterilize the pipes that feed water to the cylinders. During this time all water
lines, flow meters and fine tuning valves are taken off the cylinders for cleaning. A new set of lines, flow
meters and fine tuning valves are then attached to each running cylinder ensuring that any ciliates or
bacteria building up in the old lines are removed. After the water pipes to the cylinders are sterilized, all
valves to the cylinder bays are opened to sterilize. The third and final step to the heat sterilization
process is to sterilize the heat exchanger.
Once all steps have been completed, the fresh water sterilizer is disconnected from the system and turned
off. Filtered seawater flow is then restored to the pasteurizer and in between the pasteurizer and heat
exchanger. Water is run through all the pipes until all of the freshwater has been removed from the
system. Water lines to the cylinders can then be reconnected, turned on and set to their respective flow
rates.
In addition to sterilizing the water system, algae transfers also happen once a week. The day before algae
transfers take place, ten 2 L flasks are filled with FSW, setup as shown in (refer to the pictures of
prepped flasks and carboys) and run through the autoclave along with the filters to be used for the new
flasks. Typically, 3 flasks of T. lutea, 4 flasks of C. mulleri and 3 flasks of Tetraselmis sp. are setup and
transferred each week. Along with flask preparation, 9 carboys are filled with FSW and prepped as
described in the algae culture section described above.
Bleach buckets are made each week at a concentration of 375 ppm. They are utilized to sterilize any and
all materials in the lab that are not rated for heat sterilizing. This includes air and water lines, flow
meters, valves, nutrient syringes, bulkhead fittings, etc.
When a flask, carboy or cylinder has expired or becomes contaminated, all materials need to be
disassembled and cleaned. All parts of the culture vessels are disassembled, scrubbed Simple Green or
other degreasing agent, bleached for a day and rinsed/dried before storing for further use. In some cases,
equipment is also acid washed before being bleached using 10% muriatic acid. Mostly this includes glass
stir rods and elbows, flasks, carboys and cylinders as they become calcified with leftover algal cells.
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COPEPODS
The purpose of the copepod production system is to produce
Parvocalanus crassirostris early stage nauplii and eggs for
use as live feeds in the larval fish hatchery. This system
requires a constant supply of clean seawater and two cultured
microalgae species: Tisochrysis lutea and Chaetoceros
muelleri. The copepod production system consists of two
halves: production tank(s) and a maturation cycle (Fig. 3.8).
Copepod production staff use various sized screens (41µm,
75µm, and 125µm) to sort copepods into size classes: eggs
and early stage nauplii (>41 µm, <75 µm), late stage nauplii
and small copepodites (>75 µm, <125 µm) and large
copepodites and adult copepods (>125µm).

System Overview
A production tank is a 1500L conical bottom tank that
overflows via bulkhead into an adjacent 250L harvest tank
(Fig. 3.9). A 125µm banjo screen is placed in the inside of the
production tank bulkhead to prevent >125µm adults from
being harvested. An air stone is hung directly beneath the
banjo screen to prevent clogging, and a second air stone is
hung directly across the production tank to aerate the tank and
promote mixing. A 41µm screened basket floats in the 250L
harvest tank on a foam ring (Fig. 3.10). The harvest basket is
prone to clogging and overflowing if the 41µm screens are not
constantly agitated, so it is aerated heavily by an air ring made
of rigid plastic tubing secured to the inside bottom of the
basket. After each use, the harvest basket screens are
thoroughly sprayed out with freshwater and allowed to dry. A
submersible pump is placed in the bottom of the harvest tank to
pump water back into the production tank, thus creating the
harvest cycle. The pump is plugged into an adjustable timer to
control the time and length of the harvest period. A baffle is
positioned on the return pipe to direct returning water away
from the banjo. The production tank is harvested twice a day:
the first harvest begins in the middle of the night and finishes
when the copepod production staff arrive, and the second
harvest begins as soon as the harvest baskets and pumps are
reset after the first harvest. Ideally, the more time the tank is
harvested (the more time the pumps are running) the better,
but the harvest baskets are more likely to clog and overflow if
the pumps run for too long. The current schedule is 2:30 to
6:30 am, and 7:00 to 11:00 am.
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Figure 3.8 Diagram of copepod production and
maturation system. (a) 1500L production tank, (b)
200L harvest, (c) 500L maturation tanks, (d) 125um
banjo screen, (e) floating 41um basket, (f) return
pump.

Figure 3.9 Copepod production tank setup.

The maturation cycle consists of ten 500L conical bottom
tanks fitted with air stones at the very bottom, and its
purpose is to provide the production tank(s) with fresh
mature adults. A copepod takes 9 days to grow from an egg
to a reproductive adult, so on any given day there will be 9
tanks holding maturing copepods and 1 tank bleaching/
drying. Each day, mature adult copepods are harvested
from the oldest (9 days old) tank via siphon into a 125µm
screened basket in an external tub, and eggs/nauplii from
the production tank(s) are stocked into the newest
maturation tank to begin the cycle.

Production Tank Maintenance
Each day the production tank(s) must be thoroughly
harvested to remove as much eggs/nauplii as possible, and
the density of adult copepods (>125µm) must be monitored
and adjusted. The production tank(s) must also be
transferred weekly to clean the tank and allow for adequate
water exchange to promote good water quality.
Figure 3.10 Copepod nauplii harvest basket.
To harvest eggs/nauplii, the banjo screen in the production
tank is turned up above the water level, and the harvest basket is removed. A length of flexible tubing
attached to a seawater source at a sink is used to rinse the contents of the harvest basket down to one
corner, being sure to thoroughly spray the screens to ensure all eggs/nauplii are collected. The basket is
then poured and rinsed into a stack of two screens in the sink: 41µm on bottom and 75µm on top. The
late stage nauplii (>75µm) are rinsed into a designated 15L bucket for later use in the maturation cycle,
and eggs/early stage nauplii (>41µm, <75µm) are rinsed into a designated 15L bucket for feeding in the
hatchery. All buckets used for temporarily holding copepods are aerated with an air stone and filled with
seawater to 15L (previously graduated for accuracy).
To sample the 15L buckets for counting, they must first be homogenized using a 3L pitcher. The pitcher
is submerged and then removed and poured back in three different directions three times each,
effectively mixing the contents of the bucket. This is particularly important because copepod eggs will
settle at the bottom. Immediately after mixing, a 1mL pipette is used to take a 0.5mL sample from each
bucket. Half mL samples are used due to the excessive time it takes to count a full mL sample, especially
when egg/nauplii production is high. Each sample is distributed into a glass 10-well plate and inspected
under a dissecting microscope. Samples are first viewed alive, checking for nauplii activity, before using
a few drops of diluted iodine solution to fix the sample and provide some contrast for counting. Eggs and
nauplii are counted separately for data-keeping purposes, but for feeding the hatchery it is more practical
to use a combined number of eggs and nauplii. The following formula is used: (number of eggs +
number of nauplii) X 2 = number of eggs+nauplii/mL. Since the buckets are accurately graduated to
15L, the following formula will determine total eggs/nauplii in the bucket: number of eggs+nauplii/mL
X 15000mL = number of eggs/nauplii in the bucket. When it’s time to feed the hatchery, the required
number of eggs/nauplii can be collected using graduated pitchers and screened down with a 41µm screen
if needed, being sure to thoroughly mix the bucket(s) before collecting.
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To monitor the adult copepod population density in the production tank(s), the water level is allowed to
fall to resting level after the harvest pump turns off but before the banjo screen is turned up. When the
water level has settled, the tank volume is measured with a dipstick that hangs on the side of the tank. A
background sample is taken by collecting five 10mL samples from different areas around the production
tank using a wide-tipped >10mL pipette and consolidated into a graduated cylinder for a final sample
volume of exactly 50mL. The sample is rinsed through two small screens stacked in a sink: 41µm on
bottom and 125µm on top. The 125µm screen will capture adults and large copepodites, while the 41µm
screen will capture eggs, early and late stage nauplii, and small copepodites. A rinse bottle filled with
seawater is used to rinse the samples into one corner of the small screens, and a clean disposable pipette
is used to transfer the rinsed sample into a glass well plate (the >125µm sample is kept separate from the
>41µm, <125µm sample).

After transferring each sample, the screen is again rinsed with seawater and the disposable pipette is
used to transfer any remaining water into the well plate to ensure no copepods remain trapped in the
pipette. All samples are first viewed live under the dissecting microscope to check for copepod activity
before fixing with a few drops of diluted iodine solution. The >125µm sample is counted for females,
males, and large copepodites, while the >41µm, <125µm sample is counted for eggs, nauplii (any stage),
and small copepodites. The egg/nauplii background count is important because it can indicate the level
of production in the tank, and the small copepodite background count is important because many small
copepodites in the background indicate an insufficient or ineffective harvest, and overcrowding will
inhibit production. The number of copepods in the >125µm sample will be used to calculate the density
of the production tank. We currently base our density on females and large copepodites, but if sex
determination proves difficult you can base density on total adults >125µm knowing that roughly 80% of
the copepods are female and 20% are male. The following formula can be used to calculate density:
(number of females + number of large copepodites) ÷ 50mL = number of females + large copepodites/
mL. If basing densities on total adults, a simpler formula would apply: number of copepods >125µm ÷
50mL = total adults/mL.
Our current target density is 1.3 females + large copepodites/mL. Once the production tank background
sample is taken and counted, the population can be adjusted using drain downs as well as supplementing
with fresh adults from the maturation cycle. In the following formulas, females/large copepodites will be
referred to as F+C.
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If the counted density is below target density, the density difference will be a negative number and that
means there is a female/large copepodite deficit in the production tank. A positive density difference
indicates a female/large copepodite surplus. Once the deficit or surplus is known, decisions can be made
as for how to adjust the tank population to reach the target density. When deciding how to adjust the
production tank population, the amount of mature adults that were harvested from the maturation cycle
that day is taken into account. As a general rule, we try to supplement with at least 500,000 fresh females
and large copepodites each day when possible. If operating multiple production tanks, the fresh adults
from the maturation cycle must be divided up accordingly so each production tank is supplemented. It is
also important to consider the importance of water changes in the production tank(s) and to ensure that
drain downs are part of the population adjustment to allow for water exchange. Here is an example of
how to calculate a production tank adjustment on a day when the counted density is below target density:

Example: Counted density is 1.15 F+C/mL and 500,000 mature adults are available to supplement.

Taking into account the added adults from the maturation cycle, it is found that the adjusted tank
population in this example would have a surplus of 275,000 females/large copepodites. A tank draindown is used to remove the surplus that would result from adding the fresh adults from the maturation
cycle. The counted density of the production tank along with the amount of the surplus are used to
calculate the volume to drain from the tank, as follows:
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In practice, the dipstick used to measure production tank volume is graduated every 25L so the drain
down volume in the current example would be rounded to the nearest 25L, which would be 250L. Thus,
in this example, the production tank population would be adjusted by first draining 250L from the
production tank, then adding the 500,000 fresh females/large copepodites from the maturation cycle, and
finally refilling the production tank to 1500L with new seawater.
Here is an example of a production tank adjustment calculation on a day when the counted density is
above target density:
Example: Counted density is 1.41 F+C/mL and 500,000 mature adults are available to supplement.
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In this second example, the production tank population would be adjusted by first draining down 475L
from the production tank, then adding the 500,000 fresh females/large copepodites from the maturation
cycle, and finally refilling the production tank to 1500L with new seawater.
In general, the above examples and formulas can be used to adjust tank densities on any given day. If the
maturation cycle has a bad harvest one day and the resulting amount of fresh females/large copepodites
is low enough to prevent supplementing each production tank with 500,000, simply insert the number of
fresh females/large copepodites available. The resulting adjusted tank surplus would be lower, which
would lower the drain-down volume, but the production tank would be able to resume normal operation.
Each production tank needs to be transferred after 7 days of operation. Transferring a production tank is
done by screening down the entire population in the tank through a 41µm screened basket, rinsing and
sorting it through a stack of 125µm, 75µm, and 41µm screens, and rinsing the adults (>125µm) into a
new, clean tank. Production tank transfers happen at the same time as tank drain-downs, and the same
calculations are used to ensure the new tank is stocked at the target density. We currently assume a loss
of 250,000 females/large copepodites during a transfer due to excess volume that is unable to drain from
the tank into the screened basket. That 250,000 assumed loss is subtracted from the adjusted tank surplus
value in the calculation. Any fresh females/large copepodites to be supplemented from the maturation
cycle are added into the new production tank. The calculated volume is drained down, and those
collected adults are the excess adults and are discarded. Then the remaining tank water is drained
through the basket and sorted, and those adults are rinsed from the 125µm screen into the new
production tank. The eggs/nauplii sorted in the 41µm and 75µm screens are saved for use in the hatchery
or maturation cycle.
When hatchery egg/nauplii demand is high, it is prudent to capture any eggs/nauplii that would
otherwise be lost during production tank drain-downs or transfers. This is done by directing the
production tank drain outflow through a 41µm screened basket. The basket is then rinsed and the
contents sorted as described above for harvests or transfers.
Currently, tank drain-downs are conducted right after the
second daily egg/nauplii harvest is completed, so eggs/
nauplii captured during drain-downs are added into the same
15L bucket as the harvested eggs/nauplii for the respective
production tank(s).

Maturation Cycle Maintenance
Maturation tanks are stocked with 5 million eggs/nauplii,
prioritizing late stage nauplii sorted with the 75µm screen.
When there are less than 5 million late stage nauplii
(>75µm, <125µm), eggs and early stage nauplii (>41µm,
<75µm) can be used to reach the 5 million total stocking
amount. Algae is added beforehand so that the tank can be
filled with seawater to a starting volume of 200L after eggs/
nauplii are added.
Maturation tanks are harvested using a siphon fitted with a
45degree elbow so that the siphon head reaches to the
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Figure 3.11 Copepod maturation harvest.

very bottom of the conical bottom tank. The siphon hose is directed into a 125µm screened basket sitting
in a shallow tub on the floor in front of the maturation tank, and during siphoning the tank’s air stone is
moved into the shallow tub to aerate the water around the screened basket (Fig. 3.11). Once the entire
tank is siphoned, the 125µm screened basket is rinsed into a 15L bucket. The harvested mature adults are
then counted by mixing the bucket and taking a 1mL sample.
The empty maturation tank is scrubbed with simple green, rinsed, and filled with freshwater and 100mL
bleach. The air stone is detached from air and placed in the tank to soak. Before leaving for the day, the
bleaching tank is drained, rinsed with freshwater, and the airstone is reconnected and turned on high to
dry overnight. The dry tank will then be ready for stocking the next morning.

Algae Feeding
The copepods require two species of algae, Tisochrysis lutea (TL) and Chaetoceros muelleri (CM). In
the production tank(s), algae is administered via an overhead drip system. Algae is drip-fed to the tank
overnight, TL at a rate of 15mL/15sec and CM at a rate of 35mL/15 sec. Drip emitters are opened when
the copepod production staff leave for the day (~3:00 pm), and are closed when they return the next
morning (~6:30 am). Drip rates are checked daily using a graduated cylinder and a stopwatch. In the
maturation cycle, algae is fed in batches once a day to each tank. The target density is 150,000 cells/mL
for each algae species. Algae density is counted and each tank volume is taken to calculate required
volume of each algae to be fed each day. If algae production is consistent/predictable over time, it is
sufficient to use an average value for algae density to simplify feeding. Daily algae additions will
increase the total volume in each maturation tank, so as the older tanks approach overfilling a siphon
with a 75µm banjo screen can be used to drain the excess tank water prior to feeding without removing
any maturing copepods. Before adding any copepods larger than eggs or early stage nauplii (any
copepods >75µm) to any tank, algae is always added first so there is always food available. In the
maturation cycle, this means adding the required volumes of both algae species before stocking to a final
volume of 200L. When the production copepods are being transferred, 30 to 45L of each algae species is
added to the new production tank so that the adult copepods are never in a tank without algae.

ROTIFERS
Background
Rotifers are the second food item consumed by larval P. leopardus. Rotifers are widely distributed,
euryhaline, and relatively simple to culture, making them the generally adopted first feed for many
cultured marine fish species. Rotifers vary in size depending on strain and culture conditions. Adult sizes
range from 123 to 315 µm (lorica length). The mean weight of an individual is 3 µg. The s-type
(Brachionus rotundiformis) is commonly used in Hawaii. Advantages of this specific strain are its short
doubling time (24 hours), its wide tolerance ranges for temperature, salinity, and dissolved oxygen, and
its small size (100 to 200 µm lorica length).

Culture Method and Facility
The Oceanic Institute uses a modified batch culture technique. Batch culture methods are advantageous
because cultures are maintained in multiple vessels, at various degrees of culture age, providing a
backup should one or more of the cultures crash. This method also involves the least amount of
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equipment. Culture vessels ranging from 200L
to 1,000L are typically utilized as individual
culture tanks, with the size and number of tanks
in use being dependent on the total rotifer needs
of the hatchery. Under normal operating
conditions, following the protocol described
within, rotifer densities of 1,000-1,300/ml can be
achieved at the conclusion of a 4-day cycle.
Once the appropriate size and quantity of culture
tanks are identified, the batch culture process
begins by preparing the culture vessels. Ideally,
the rotifer production area should be separated
Figure 3.12 Example of independent rotifer culture room to
prevent cross contamination in live feeds.
from other parts of the hatchery to reduce
contamination of the cultures and maintain
hatchery hygiene. This area (Fig. 3.12) should have a supply of aeration, seawater and freshwater, a floor
drain for disposal of culture water, and a sink for cleaning and rinsing equipment. Prior to initiating a
culture, tanks and associated equipment should be cleaned and dried followed by thorough freshwater
rinsing prior to tank set up. Each tank should be marked with graduations so that the approximate
volume can be determined at various water heights within the tank. Tanks should be fitted with a bottom
valve for ease of draining and this valve can be subsequently connected to a hose for harvesting the
rotifers. The Oceanic Institute utilizes quick disconnect fittings for this purpose. The harvest net should
be made from mesh that is 20-50µm in size. It should be made with enough surface area that rotifers can
be harvested in reasonably large batches (50-100 million at a time), without clogging the net. We
typically utilize a net that is approximately 0.3m square X 0.3m deep. The culture tanks should be
arranged so that they are a sufficient height off the ground to accommodate gravity draining of their
contents into a harvest container that will collect the rotifers. The tanks will also need clearance above
for access to the cultures, water quality measurements, and maintenance of the tanks and associated
equipment.

Tank Preparation
Prior to inoculation, the culture tank should be filled with a combination of seawater and freshwater to
obtain a salinity between 20-24ppt. A submersible heater can be used to maintain the water temp at 2830C. Several air stones should be placed near the bottom of the culture vessel. At the Oceanic Institute 5,
2.5cm^3 air stones are used to maintain a dissolved oxygen level >80%. To help reduce overall bacterial
levels, and prevent ciliate contamination, the culture water should be chlorinated prior to stocking. We
typically add 1ml of 12% Cl- /L of culture water (~ 100ppm) and allow to stand for 30 minutes (no
aeration). After the chlorination period, sodium thiosulphate can be added (0.1g/ml of Cl added) and
vigorous aeration restored to neutralize the chlorine. After a few minutes, the residual chlorine level can
be checked using readily available swimming pool test strips to ensure all the chlorine has been
eliminated from the water.

Inoculation and Feeding
Rotifer cultures are inoculated (Day 0) to achieve an initial density of 220 rotifers per ml of culture
water. Rotifers can be counted by using a 1ml graduated, glass pipette and magnifying loop (10x).
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Normally three to four counts of rotifers occupying 0.1 ml volume of
the pipette are averaged, and then multiplied by ten to get an accurate
estimation of rotifers per mL. This rotifer density can be multiplied by
the volume of the culture to determine the total population size. Algae
paste is then added to provide food for this new population, and a flock
-mat (Fig. 3.13) is suspended in the center of the tank to catch detritus.
Rotifer cultures can be maintained on a number of commercially
available microalgae products. The Oceanic Institute utilizes
Nannochloropsis sp. (Nanno) paste by Reed Mariculture for growth
and short-term enrichment of our rotifers (Fig. 3.14). Paste volume
(mL) added per day is half the tank volume (L). For example, a 300L
rotifer culture will receive 150mL of Nanno paste per day.
Figure 3.13 Rotifer tank with floc mat.

Daily Maintenance
Daily Maintenance Rotifer cultures need to be monitored at least twice
daily. Typically the cultures are counted in the morning to get an
estimate of population size, determine daily feed requirements and
estimate the harvest volume necessary for the larval feed requirements.
During counts, the technician should also make observations of rotifer
health including % of individuals with eggs, motility speed, presence
of dead rotifers, and ciliates, as these can all be indicative of the
overall health of the population. Temperature, salinity, and DO should
all be measured in the morning and prior to last feeding (late
afternoon).

Harvest
The oldest cultures (Day 3 or 4) should be harvested and used to
feed the larval fish as well as to restart new cultures (Day 0). The
procedure is as follows: 1) Count the culture to be harvested and
calculate the volume needed to start your new culture. Turn off
(unplug) heaters that are being utilized in the tank. Fill your harvest
container with new, flowing seawater and place the harvest net inside.
2) Drain the first few liters of culture water into the waste-drain, as it
likely contains settled food, dead rotifers, and other unwanted debris.
Then, position the drain hose to empty beneath the surface of the
water, inside the harvest vessel but outside the net. Slowly begin
draining the culture tank into the harvest net at an appropriate speed to
avoid damage to the collected rotifers (Fig. 3.15). Periodically
massage the collection bag from the outside, to free any rotifers that
may be clogging the bag. Aeration should be used within the harvest
container, along with the flowing water to help maintain DO levels at
high levels (>80%). 4) Once the volume that is necessary for the
starting culture has been drained, temporarily stop the process by
closing the drain valve. The harvest net can then be carefully lifted
from the water and the rotifers transferred directly to their next
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Figure 3.14 Frozen nanno paste used
to feed rotifers.

Figure 3.15 Rotifer harvesting
setup.

culture tank or to a holding container while the culture tank is being prepared. If the latter applies, be
sure to utilize plenty of aeration to keep the DO of the holding container above 80%. 5) The remaining
volume of culture can now be harvested and used for feeding of larval fish. Excess volume can be
discarded, or utilized to bolster populations in other cultures if performance is lower than expected
(based on previous counts).

Tank Cleaning
After the tank is emptied, it will need to be thoroughly cleaned prior to reuse. A degreasing agent such as
“Simple Green” works well when applied with freshwater via a spray bottle to help break down and
remove oil residue accumulated inside the tank left by algae paste. Components of the tank including, air
lines and heaters should be cleaned with this, scrubbed free of any excess, and then rinsed with
freshwater. Floc mats will accumulate considerable amounts of algae and detritus and take several
minutes to rinse clean using a high pressure hose. Once clean, these can be hung in the sunshine for 1 -2
days for further drying out. Airstones should be replaced with each new culture and can be cleaned by
soaking in a (200ppm) chlorine solution for 24-48 hours. Once the culture tank and associated equipment
is clean, it is best if it can be left to dry for 24h prior to being utilized as a new culture tank. Therefore, it
is advisable to have a few extra culture tanks available so that they might be rotated through this “dry”
period.

Rotifer Enrichment
A separate group of tanks should
be designated for enrichment (Fig.
3.16). At the Oceanic Institute,
enrichment tanks are in the
hatchery to reduce distance and
time from harvesting to feeding
larvae. Enrichment densities
should not exceed 600/mL and
thus the size of enrichment tanks
should be determined considering
this and hatchery rotifer
requirements.
There are a variety of commercial
enrichment products available
Figure 3.16 Rotifer enrichment tanks.
Figure 3.17 Rotifer harvest setup post
for this purpose such as live
enrichment.
algae, preserved algae,
AlgaMac, and Rotigrow. The Oceanic Institute uses a combination of preserved Nanno and AlgaMac
3050. AlgaMac 3050 is a dried amino acid and DHA rich supplement commonly used in rotifer and
Artemia enrichment. Prior to feeding rotifers are enriched daily for two hours in an AlgaMac 3050 slurry
at 0.2g/L. Post enrichment, rotifers are gently harvested into a 250µm mesh net (Fig. 3.17). Afterwards,
rotifers should then be gently rinsed to remove leftover enrichment and algal paste, then re-suspended in
approximately 5L of water before redistributing into larval tanks.
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ARTEMIA
Artemia brine shrimp inhabit harsh and diverse environments in temperate zones. They are tolerant to a
wide range of salinity, temperature, and dissolved oxygen levels. Their life cycle includes a wintering
egg stage called a cyst, which is a dormant blastula protected in a chitinous shell chorion. Cysts can
germinate after more than 100 years.
Application of Artemia in aquaculture utilizes this dormant stage. Incubated cysts hatch within 18-36 h.
Incubation time varies by strain, temperature, salinity, and light intensity, while hatching size varies by
strain. In general, Artemia hatch at about 600 µm in length and 180 µm in width as non-feeding Instar I
nauplii with yolk reserves. Within a few hours (six hours at 26°C), they molt into obligate filter feeding
Instar II metanauplii at 700 µm in length and 200 µm in width, and feed on suspended particulate matter
less than 50 µm. High quality Artemia cysts will typically yield 200,000-300,000 nauplii per gram.
The steps utilized for hatching of Artemia cysts are as follows: 1) Hydration: Cysts should be hydrated in
freshwater, and disinfected prior to hatching. Cysts can be placed in freshwater (up to 100g/L) and
aerated vigorously to be kept in suspension. The dehydrated cysts will change shape and become
spherical once they have fully hydrated (~one hour). Our typical procedure is to empty a maximum of
one can of cysts (450g) into ~8L of freshwater and hydrate for one hour. 2) Decapsulation and
disinfection: For 450g of cysts in 8L of water, add 500mL of 12% Sodium Hypochlorite, and treat for
approximately 3-4 minutes (cysts will change color from brown to grey to tan). Once the majority of the
cysts are a tan color (or eight minutes has elapsed), thoroughly rinse the cysts through a 100 micron
mesh screen or bag. Note: this procedure does not completely decapsulate the cysts, but partially
removes the outer shell layer and disinfects the cyst. 3) Tank set-up: After rinsing with freshwater for at
least five minutes, the cysts can be transferred to a hatching tank (1g cysts/L volume of hatching tank).
The salinity of the hatching tank should be 25-35ppt; temperature 27-29°C; pH 8.0-8.3. 4) Hatching:
Vigorous aeration should be used to keep the cysts suspended and DO >80%. Bright overhead lighting
should be used to stimulate the hatching process. Cysts placed in the hatching tank by midafternoon will
be hatched by early the next morning. Hatched nauplii density can be estimated by taking a 1mL sample
directly from the hatching tank and counting with a 1mL glass pipette and a loupe magnifier (10x). The
nauplii can be harvested by draining the contents of the hatching vessel through a 100 micron bag.
The procedure utilized for harvesting is as follows: 1) Prior to draining, the overhead light, heater, and
aeration should be turned off. The surface of the tank should be covered (to darken the tank) and a
portable light can be used to illuminate a small area near the drain opening to attract the nauplii towards
the drain (Fig. 3.18). Allow at least 15 minutes for the nauplii to concentrate near the light at the bottom
of the tank. 2) A harvest container supplied with flowing seawater and aeration should hold the harvest
net in position to collect the nauplii (similar to as described for the rotifers). Unhatched cysts may settle
to the bottom, but all shells should float to the surface. 3) After nauplii are allowed ample time to
concentrate, the contents of the tank should be slowly drained through the harvest net. Slow draining is
the key to clean separation of nauplii from egg shells. Most (70-90%) of the nauplii will be collected in
the first 10-15 minutes of harvest, as they will actively swim towards the light near the drain. A small
glass beaker can be utilized to visually inspect the amount of Artemia exiting the hatching tank. Once
this sample shows little to no nauplii exiting the tank, the harvest is complete. 4) Collected nauplii
should be rinsed in clean seawater for several minutes to assist in the flushing of bacteria accumulated in
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the water during hatching.
Newly hatched Artemia were
chilled daily using a chiller in
order to help preserve the
nutritious yolk on newly hatched
artemia. Holding water was
chilled daily between 9 and
12℃.
Instar II and later stage Artemia
lack many of the essential fatty
acids required by marine fish
larvae, and therefore should be
enriched prior to being used as a
feed. There are many
commercially available
enrichment products available
for use with Artemia.
Enrichment election by the
culturist will likely depend on
regional availability and cost.
Enrichment emulsions
containing 30% DHA are
recommended for P. leopardus
larval rearing. OI has used the
following commercial
enrichment emulsions with
successful results: AlgaMac
Figure 3.18 Artemia harvesting procedure. From top left (clockwise): separated
2000, 3000 and 3050; Selco
cyst shells at surface, light to attract nauplii to bottom drain, slow flow rate to
minimize cyst harvest, harvest net with collected nauplii, rinsing the harvested
and Super Selco from
nauplii, separated and clean nauplii.
Aquafauna Bio-Marine, Inc.,
P.O. Box 5, Hawthorne, CA
90250 USA. If kept in a cool, dry environment, these products can be stored up to six months unopened.
Once opened, possible contamination can decrease their shelf life to 2-3 months. Spoiled enrichment can
lead to large percentages of dead nauplii or total “crashed” batches. Artemia that have experienced either
total or partial crashes should not be fed to larvae. Approximately 3- 5% daily mortality of Artemia is
common after handling and enrichment.
Artemia enrichment procedure is as follows: 1) Newly hatched, separated, and rinsed nauplii are placed
into enrichment tanks with clean seawater and vigorous aeration. Artemia metanauplii can be enriched
up to a density of 100 per ml. The tanks must be well aerated to maintain a DO level >80%, as adding
enrichment emulsion to the water will decrease dissolved oxygen levels. 2) Enrichment emulsion is
measured (0.2g enrichment/L enrichment container volume) into a kitchen blender with water and mixed
for five minutes. The emulsion is then added directly to the Artemia enrichment tanks. Typically, the
enrichment is not added until the nauplii are older than 6h post hatch, as they are not capable of feeding
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until that point. 3) The Artemia
remain in the enrichment
overnight and are harvested the
next morning (~12-16h later). If
Artemia are being enriched for
more than 16 hours, the tank is
drained through a 100 µm
Nynex mesh bag, and the
Artemia are restocked with new
seawater and fresh emulsion.
All tanks are cleaned with
“simple green” and freshwater
between each use; tanks are
rinsed with diluted bleach
(10%) between uses. 4)
Collected Artemia should be
rinsed using clean seawater
through a 250µm mesh screen
(Fig. 3.19) for several minutes
before feeding to larval fish, to
assist in the flushing of bacteria
and enrichment media that
accumulated in the water during
the enrichment process.

Figure 3.19 Artemia enrichment tanks.
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CHAPTER 4: LARVAL REARING
Larval Rearing Overview
Larval rearing of P. Leopardus is labor intensive and requires specific rearing conditions. In addition
their culture requires concurrent culture of live algae, calanoid copepods, Rotifers, and Artemia. These
aspects must be carefully considered and hatchery requirements must be evaluated before large scale
production of this species can be attempted. This section aims to provide in depth information and
instruction on the culture of P. leopardus from egg to settled juvenile at 50 days post hatch (DPH).
Following this guide may lead to consistent survival of 10% or higher.

Facility
Several components needs to be considered when determining the size facility needed for P. leopardus
culture. Hatchery space and design plans must first consider project requirements such as livestock
output goals and requirements. Broodstock housing, larval rearing space, and post larval grow out space
is dependant on the aforementioned project requirements and can differ quite largely. Additionally,
facility design must plan for independent or space partitioned live feeds facilities including intensive
culture space for live algae, copepods, rotifers, and Artemia. Access to saltwater must also be
considered. Having access to well seawater can reduce space required for water preparation and
eliminate the high cost of artificial seawater preparation, but limit potential locations by needing access
to the coastline. Therefore, choice of facility space and design is highly dependent on project goals and
subsequent resources and funding.

System Configuration
Filtered flow through
seawater systems are
adequate for P. leopardus
culture although
recirculating water
treatment systems (RAS)
may also be effective for
intensive larval culture. The
Oceanic Institute uses well
seawater that is filtered
through a vacuum degassing
column (Akvator, Norway),
to a sand filter, then bag
filtration, 5µm and 1µm
respectively, and finally
through a 300 watt UV
system before reaching
larval rearing systems (Fig.
4.1).

Figure 4.1 Filtration setup for treatment of hatchery seawater supply.
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Figure 4.2 4ton tank setup

Larger scale larval rearing
of P. leopardus at the
Oceanic Institute was
conducted in 4-ton round
tanks (Fig. 4.2) with
external standpipes for
minimum water level
control (Fig. 4.3). 200L
larval tanks of a similar
Figure 4.4. 200L tank setup
design were used for early
larval rearing for specific
rearing experimental trials (Fig. 4.4). Tanks were black fiberglass.
The floor of larval tanks were painted gray to help observers see
larvae. A central standpipe was used to allow water exchange, and
excess prey item flushing without larval loss. Standpipe mesh size
was changed with larval growth. Standpipe sizes throughout
rearing were, 250µm from 0DPH to 25DPH, 500µm 25DPH to
50DPH, and 1000µm 50DPH onward. Aeration was provided by
six 2.5cm3 air stones. Two air stones were positioned next to the
standpipe to reduce floc buildup on stand pipes. Four air stones
were positioned equidistance around the perimeter of the tank.

Prior to filling tanks with seawater tanks should be thoroughly
rinsed and scrubbed. The Oceanic Institute uses 1:10 diluted spray
Figure 4.3 External standpipe
of simple green, a nontoxic and biodegradable cleaning agent.
Once rinsed thoroughly airlines, air stones, heaters (if needed),
and standpipes should be put in place. Additionally and timers for control of photoperiod should be
programmed prior to filling tanks with sea water. Tanks should be fully filled and prepared before eggs
or larvae are introduced to tanks

Rearing Environment
Aeration in larval rearing tanks is primarily required to maintain dissolved oxygen levels. Beyond this,
aeration can also aide in keeping larvae and prey items evenly distributed. From 0DPH to 10DPH
aeration was kept at minimum pressure, expelling several fine bubbles per second. The air should only
minimally disturb the surface during early larval rearing. From 10DPH onward, aeration was increased
over time proportionally with size of prey used and the larvae’s increasing size.
The Oceanic Institute utilizes a constant flow-through system (See system configuration) to maintain
water quality in its larval rearing tanks. For P. leopardus culture, water flow rates in a 4-ton tank were
kept at 14LPM from 0DPH- 7DPH, 20LPM from 7DPH – 30DPH, 35LPM from 30DPH-50DPH, and
40LPM from 50DPH onward. This increase in flow over time may be beneficial for removing the excess
organic waste associated with an increasing food demand.
Photoperiod for P. leopardus larvae was 16 hours of light with an eight hour dark period from 0DPH 34DPH. This ratio allowed for both a resting period and prolonged feed time for younger larvae. At
35DPH, photoperiod was changed to 12:12 where it remained consistent.
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The lighting system for P. leopardus larval
tanks was made up of four fluorescent bulb
mounts arranged in a square pattern, and
positioned approximately 1M above the tank’s
water level (Fig. 4.5). Each fluorescent bulb
mount contained two 40W bulbs,
approximately 1.2M in length. Light intensity
was held constant at 1500lux throughout the
larval rearing period.
Water quality was measured twice daily in
larval P. leopardus tanks, using a YSI
Professional Plus probe. Recordings were
taken on temperature, salinity, and pH. Other
Figure 4.5 Tank lighting.
water quality variables associated with the
build-up of organic waste were not
considered, due to the flow-through design of the larval rearing tanks. To help mitigate any effects of
organic waste on water quality, the bottom of the larval tanks were siphoned once daily, from 17DPH
onward.

Figure 4.6. Nanno paste is added to the larval rearing
tanks by dripping in via small siphon tubes

Microalgae was added to the P. leopardus larval
tanks twice per day, prior to morning and afternoon
feedings. The microalgae used was a frozen
concentrate of Nannochloropsis sp., produced by
Reed Mariculture Inc. Using the manufacturer’s
stated density of algae cells in the product,
approximately 850,000 cells/mL and was
administered from 2DPH - 21DPH. However,
according to the manufacturer, only 25% of the cells
become active when reintroduced to saltwater, so the
density of active cells in the water column of the
larval tanks was approximately 212,500 cells/
mL. To administer the algae, 50mL of concentrate
was diluted into two 15L buckets, and then siphoned
into the 4-ton larval tanks (Fig. 4.6).
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During previous trials done in 200L tanks, live Tetraselmis sp. was used in substitute of
Nannochloropsis sp., with successful results. However, use of Tetraselmis was not tested in the 4000L
tanks used for larval P. leopardus rearing. As such, culturing Tetraselmis sp. could potentially provide
an adequate substitute if found to be more feasible than purchasing algal concentrates. As Tetraselmis
cells are larger than Nannochloropsis, a target density of 30,000 - 50,000 cells/mL was used.

Egg Stocking
After enumeration and separation eggs were counted again and total usable egg numbers were
determined. Eggs were not stocked more than 40 eggs L-1. For most hatchery stocking purposes and
when not conducting multi replicate experiments eggs should be gently poured into a previously
prepared larval rearing tank. When stocking more than one tank or for experimental purposes a
volumetric stocking method must be used. Volumetric stocking relies on number of eggs per mL to
determine the volume of water needed from the homogeneously mixed container holding eggs to stock a
specific number of eggs into a much larger volume of water. This can be achieved by utilizing the
following equation:

Total # off eggs to stock/ density ml -1 = vol of water and homogenized eggs to stock
i.e 40,000/ 12.5 =3,200 ml or 3.2L
When volumetrically stocking multiple tanks it is suggested to break up the total volume to stock into
smaller volumes and alternate tanks until the total volume is achieved. This method helps reduce error in
stocking density. For example if an experiment calls for three tanks stocked with 1L of water with eggs a
staff member should break that into 5, 200ml additions and stock each tank with 200mL to each tank,
adding 200mL to 1,2 and 3
respectively until 1L is reached for
each tank.

Hatching and Larval
Development
P. Leopardus spawn in the evening
and eggs develop over the next 24
hrs. The majority of larvae hatch
between 26 and 28 hrs. As is
typical with pelagic larvae P.
leopardus hatch with a yolk sac
and oil droplet without developed
eyes or stomach (Fig. 4.7 - A). At
3DPH the oil droplet and yolk are
completely absorbed and eyes and
stomach have developed. Feeding
commences at 3 DPH and larvae
begin to develop rapidly (Fig. 4.7
- B). Dorsal and and pelvic spines
begin to develop at 5 DPH (Fig.

Figure 4.7. Growth stages of Plectropomus Leopardus larva at DPH (A) 1;
(B) 3; (C) 5; (D) 7; (E) 9; (F) 13 (G) 17 (H) 19 (I) 21. White bars represent 1
mm references.
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4.7 - C) with the spines doubling in
length by 7DPH (Fig. 4.7 - D). By 12
DPH, some larvae had undergone
flexion with 90% completing flexion by
16DPH (Fig. 4.7 – F and G). By
19DPH, the major fins had begun to
develop (Fig. 4.7 – H) and dorsal and
pelvic spines began to rapidly reduce in
the majority of fish at 32 DPH (Fig 4.8
– K). In addition, at 32 DPH serrated
dorsal spines were evident. At 41 DPH,
most larvae had begun to appear as a
tan/red color and some began to spend
most of their time at the bottom and
near shelter (Fig 4.8 – M). Dramatic
black melanophore spots began to
appear at 44 DPH (Fig 4.8 – N). By 50
DPH, most fish were settled and no
longer considered larvae but post
settlement juveniles (Fig 4.8 – O).

Figure 4.8 Growth stages of Plectropomus leopardus larva at DPH (J)
26; (K) 32; (L) 35; (M) 41; (N) 44; (O) 50. White bars represent 1 mm
references.

Larval Live Feeds Feeding
Regime to Settlement

Feeding begins at 3 DPH in P.
leopardus when their stomach and eyes
have developed and the yolk sac has been
depleted. Throughout larval duration larvae were offered multiple types of live feeds that were cultured
in house at the Oceanic Institute. Live feeds were utilized during the larval stage included, Copepods,
Rotifers, Chilled new hatched Artemia, Enriched 1 DPH Artemia, and Enriched 2 DPH Artemia.
The nauplii stage (N1) of P. crassirostris were fed to larval grouper from 3 DPH-9 DPH (Fig. 4.9).
Before feeding nauplii were size fractionated through a 70µm mesh screen. Due to the nature of
intensive copepod culture a range of nauplii densities were offered as feed and dependent on daily
nauplii harvests. Larvae were fed anywhere between 5/mL- 10/L nauplii two times a day at approx. 8am
and 4pm (Fig. 4.9).
The rotifer Brachionus rotundiformis was fed to P. leopardus larvae from 3 DPH to 21 DPH at varying
densities. B. rotundiformis densities are more predictable in intensive culture than copepods and

Figure 4.9 Larval feeding regime
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therefore densities offered to larvae were more consistent. Please see Chapter 3 for information on
intensive rotifer culture. Densities of 10/mL were fed two times a day (8am and 4pm) from 3 DPH- 9
DPH. Densities of 20/mL were feed from 10 DPH-21 DPH (Fig. 4.9).
Multiple stages of Artemia were offered to P. leopardus throughout the larval period. Artemia stages
offered were defined as new hatched (<1 Day), 1 Day Enriched (1ENR), and 2 day Enriched (2ENR).
New hatched Artemia were fed to grouper larvae at varying densities from 14 DPH-35 DPH (Fig. 4.9).
Densities of 0.3/mL were fed 3x a day from 14 DPH- 23 DPH. Newly hatched Artemia densities were
bumped up to 0.5/mL 3x daily from 24 DPH-29 DPH. Weaning off of new hatch Artemia began at 30
DPH when density was reduced to 0.25/mL 3x daily from 30 DPH-33 DPH. New hatched Artemia were
further reduced to 0.15/mL 3x times daily from 34 DPH-35 PDH. Larvae were completed weaned off of
new hatched Artemia at 36 DPH.
P. leopardus larvae were fed 1ENR 3x daily beginning on 22 DPH through 49 DPH. Initial density was
0.5/mL 22 DPH-25 DPH. A density of 0.75/mL was fed from 26 DPH- 40 DPH. Weaning began on 41
DPH with a reduced density of 0.5/mL. Density was further reduced to 0.25/ml at 44 DPH. Larvae were
fully weaned off of 1ENR at 49DPH.
From 31 DPH to 40 DPH, 2ENR was fed to larvae at a density of 0.5/mL 3x a day. At 41 DPH 2ENR
was increased to 0.75/mL through 44 DPH. 2ENR was increased at 45 DPH to its highest density of 1/
mL and continued to 51 DPH. Live feeds were stopped at 51 DPH and various dry were offered to post
settlement larvae.

Larval Dry Feeds Feeding Regime to Settlement
As a nutritional supplement to live feeds, dry feeds were also used throughout the larval rearing phase of
P. leopardus. Introducing dry feeds early on in larval development also allowed for a smooth transition
to dry diets after settlement. Similar to our live feeds regimen, a variety of different sized dry feeds were
used and administered from smallest to largest, as larval P. leopardus size increased (Fig. 4.10).
Otohime A1, B1, and C1 (Fig. 4.11) are small dry feeds produced by Reed Mariculture Inc., and were
our first dry diets used. A1 was used from 10 DPH – 21 DPH, B1 was used from 17 DPH – 49 DPH, and
C1 was used from 30 DPH – 51 DPH. Each of these were administered three times a day (morning,
noon, afternoon) on their respective days. For feed amount, enough of the diets were used to provide the
entire water surface with a light coating.
Beyond dry diets, Cyclopeeze and Calafin (Fig. 4.12) were also fed to P. leopardus larvae during the
later stages of their development. Both Cyclopeeze and Calafin are copepod species, and they can be
purchased as frozen blocks from Argent Aquaculture LLC. Cyclopeeze, the smaller of the two, was fed
from 30 DPH – 43 DPH at a frequency of three to four times a day, and then twice per day from 44 DHP

Figure 4.10 Dry feeding regime
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Figure 4.11 Otohime dry feeds.

51 DPH. Calafin was fed three times per
day, from 43 DPH – 51 DPH. To
administer these frozen feeds, a small
cube (1-3cm) can be thawed in water,
and squirted into the tank via a pipette
until the fish become satiated.

Tank Monitoring and
Maintenance

Figure 4.12 Cyclopeeze and Calafin (produced by Argant Aquaculture
LLC.)

Throughout the larval rearing stage,
tanks were monitored and maintained on a daily basis. To do this, tanks were siphoned once every
afternoon, from 17 DPH onward, in order to remove dead algal cells, fish waste, and leftover food. Any
larval mortalities were also quantified, removed, and recorded
prior to siphoning.
Beyond this, the surface of the tanks were also cleaned using a
skimming apparatus. Skimmers were made using Styrofoam
attached to a piece of PVC, which was hooked up to an air source
(Fig. 4.13). As the skimmer gets full, the organic matter must be
removed to allow the skimmer to continue functioning, which
may need to be done multiple times throughout the day. To
remove the surface scum, a beaker can be gently placed inside of
the Styrofoam collector, slightly under the surface, and then
dumped down a drain (Fig. 4.14).
From 26 DPH onward, artificial corals and PVC “houses” were
added to the tanks to provide structure for settling larvae (Fig.
4.15). As these materials can easily collect waste and bacterial
growth, it is recommended that they are removed and cleaned
under freshwater on at least a per week basis. As airlines,
air
36

Figure 4.13 Skimmer used to clean tank
surface of oils and debris.

Figure 4.14 Emptying the skimmer.

Figure 4.15 Structure.

stones, and standpipes can also accumulate organic waste and harbor unwanted bacteria, they too should
be changed and cleaned on a weekly basis.

Post Larval Survival and Total Production Estimates
Monitoring survival throughout the larval period is challenging and is often estimated utilizing visible
mortality counts collected via tank siphoning. In situations where larvae are too young to have their tank
siphoned, mortality is visual estimated. In the case of P. leopardus at the Oceanic Institute, it was
estimated that approximately 50% of all larvae stocked were lost during the transition to exogenous
feeding, which completes sometime around 7 DPH. We further estimated that approximately 25% more
were lost around 14 DPH when most larvae are undergoing flexion. Starting at 18 DPH P. leopardus
larval tanks were siphoned and mortality totals were collected allowing for more accurate survival and
mortality data (Fig. 4.16). From 18 DPH to 50 DPH an average of 0.2% of larvae were lost per day (Fig.
4.17). The average percent of larvae lost per day from 50 DPH to 90 DPH was 0.13% (Fig. 4.18).
When considering
total survival (Fig.
4.19) and ultimately
the number of fish
produced, two
landmarks should be
considered: survival
to settlement, and post
larval survival once
moved to “grow out”
conditions. At the
Oceanic Institute,
90% of P. leopardus
were considered
settled at 50 DPH.
Figure 4.16 Daily morality (# of fish) recorded from 18-90 DPH.
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Figure 4.17 Percent lost per day (18-50).

Figure 4.18 Percent lost per day (50-90).

Survival to settlement in our 4-ton tanks at 50
DPH was 14.70%. Considering the number of
larvae that hatched after stocking the total
number of individuals cultured to settlement
was approximately 11,628 fish. Survival to
90 DPH was 9.35%, which approximates to
9,537 individual fish. However, when fish
were hand counted then transferred to grow
out tanks, the total number of fish was closer
to 8,500. The discrepancy from estimated
survival via mortality counted and actually
number produced is likely attributed to the
extreme levels of cannibalism seen in post
larval fish. Please see Chapter 5 for further
Figure 4.19 Coral grouper survival (% from hatch) from 18-72 DPH.
information on cannibalism in P.
leopardus and methods to mitigate it.
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CHAPTER 5: NURSERY
Post Larval Rearing
Challenges
From 50 DPH to 90 DPH P.
leopardus continued to be
housed in the 4-ton hatchery
tanks they were reared in.
Cannibalism was first noted at
30 DPH and persisted until
approximately 90 DPH. Fish
were frequently observed with
the tails of smaller fish
protruding from their mouths
and often times both fish
Figure 5.1 Evidence of cannibalism. Note, fish will try to eat other fish of identical size
died in the process (Fig.
5.1). The cannibalism is likely
due to several factors including major size discrepancies in the
cohort (Fig. 5.2), competition for space/shelter, and competition
for food. Once a fish began cannibalizing it appeared to forgo
commercial feeds and their apparent size discrepancy became
exponential.

To combat cannibalism as a result of competition for food,
feeding frequency was increased by incorporating automatic
feeders into the feeding regime. In an effort to reduce
competition for space, more structural housing was added to
the tanks. The final strategy to reduce cannibalism involved
size sorting and removing large and likely cannibalistic fish
from the tanks. This process was completed bi-weekly when
tanks were drained down for cleaning. Throughout the hatchery
post larval stage approximately 100 cannibalistic fish were
removed.

Figure 5.2 Size difference observed among
same cohort of fish

Harvesting and Transfer to Grow Out
Once the fish reached a size of approximately 20g (Fig. 5.3),
they were ready to be transferred out of the nursery tanks and
into a larger grow out system. In order to effectively move fish,
collect total counts, and help reduce cannibalism in their new
tanks, fish had to be counted and size sorted during the transfer
process.
Hatchery 4-ton tanks holding juveniles were drained to less
than 50cm depth to aid in condensing fish and allowing for
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Figure 5.3 20g fish P. leopardus. This was the
size we transfered into grow-out tanks.

easy capture (Fig. 5.4). Fish were netted and moved
into multiple 120L coolers under heavy aeration for size
sorting and counting (Fig. 5.5). Fish that were
approximately two times larger than the average in their
cohort (visual determination) were counted and moved
into a separate tank reserved for large and likely
cannibalistic fish who would not be housed in the large
outdoor grow out tanks. Approximately 50 large
cannibalistic fish were removed from the cohort. Fish
were hand counted from one cooler to another to obtain
the total number of fish harvested.

Figure 5.4 Collection of juvenile coral grouper

Some of the fish were transferred to grow-out tanks at a
smaller size (~5g). To do this, a visual approximation
method was utilized when transferring fish from the
hatchery to outdoor grow out tanks. Initially, 250 fish
were hand counted into a 15L bucket (Fig. 5.6).
Technicians acquainted themselves with visual
representation of 250 fish in the bucket. The remaining
juveniles were added to 15L buckets according to the
visual standard and walked approximately 75m to the
30-ton outdoor grow out tanks. (Please see section x for
more information on outdoor grow out tank systems
and configuration) This process was repeated several
times until all fish were removed from the hatchery and
placed into the outdoor tanks. Approximately 4,000 fish
were sorted into two outdoor grow out tanks. The
remaining fish were shipped to a partner lab in Palau
for a separate project.

Facility and Systems Configuration
Following initial size sorting, post larval juveniles
averaging 20g were divided into two groups to either be
grown out or used in an experimental feeding trial.
Juveniles used as growout and those used in the
experimental feeding trial will be referenced as “GO”
and EXP”, respectively.
EXP grouper juveniles were housed in four outdoor
4,000L black fiberglass tanks, sheltered by an overhead
roof with open sides. This configuration allowed for a
natural photoperiod (approximately 12:12), and eliminated the need for supplemental lighting. EXP tank
flow rates were constantly fluctuating due to the fluidity of water requirements for the entire facility. For
example, if water flow was decreased or turned off for one or several tanks, an increase in water flow
could be seen in other tanks. However, on average, EXP tanks received approximately ten turnovers a

Figure 5.5 Sorting and counting coral grouper juveniles

40

day. Tank volume was controlled using an external standpipe with
water exiting the tank through a center, bottom drain as well as a
surface overflow box. Additional water movement and oxygenation
was supplied by four evenly spaced air stones in each tank.
Structure was provided by creating “pyramids” out of 6” diameter
PVC sections. Each tank was supplied with 4 “pyramids.” It is
thought that this provision of structure in the grouper’s environment
can help to mitigate aggression and cannibalism.
GO grouper juveniles were housed in three outdoor, 30,000L, black
fiberglass tanks covered with black nylon mesh (shade cloth). These
larger GO tanks were very similar to the EXP tanks in photoperiod,
tank turnovers, and water depth control using an external standpipe.
Each tank had 10 PVC “pyramids” of equal size to provide
Figure 5.6 Visual counting and weight
structure and hiding for juveniles. Water flow exited these tanks
assessment of fish.
through a central drain, covered by a 1mm mesh internal standpipe
that allowed for passive flushing and removal of excess food and fecal matter, as well as into an external
overflow box. Each tank utilized 12 large air stones evenly spaced around the circumference of the tank
for aeration.

Cleaning and Maintenance
4,000L EXP tanks were siphoned daily after last feeding to remove excess feed and fecal matter. Once
per week, tanks were drained to a ¼ volume to scrub the walls, floors, and PVC pyramids. Following
scrubbing, tanks were flushed for at least 30 minutes, then refilled with clean salt water. 30,000L GO
tanks were cleaned weekly by draining to ¼ volume to scrub walls, floors, and PVC pyramids.
Following scrubbing, the tanks were allowed to flush for at least 30 minutes. To assist in the flushing
process, centrally concentrated excess food and fecal matter was manually swept towards the drain
several times. Occasionally detritus and/or excess food would build up at a rate that required more than
one cleaning per week.
For both EXP and GO tanks, fish interactions, external physical health, and feeding behavior were
assessed multiple times per day. Daily mortalities
were also removed, measured, and recorded.

Feeding and Growth
Throughout the feeding trial, P. leopardus were
fed a diet of commercial pellet (Marine Juvenile,
Complete Feed for Yellowtail) produced by
EWOS/Cargill. Fish were fed increasing pellet
sizes aligning with growth starting with 3mm,
followed by “S” type, then 5mm, and finally “M”
type. Basic nutritional profile for these pellet sizes
was as follows:
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EXP grouper were weaned onto
each increasing pellet size using an
overlap period of the two sizes.
Each experiment tank was fed until
apparent satiation, four times per
day at approximately 9:00AM,
11:00AM, 1:00PM, and 3:00PM.
Food weight before and after
feeding was recorded to determine
apparent amount eaten per tank per
day. The fish in each tank were
counted and weighed once per
Figure 5.7 Grouper weight over time.
month.
GO grouper were fed once per day until apparent
satiation, alternating days of raw diet consisting of
either (Capelin, shrimp, or squid) and Mazuri Exotic
Animal Nutrition Aquatic Gel Diet for Carnivorous
Fish. Basic nutritional profile for Mazuri Gel Diet
iDiet for Carnivorous Fish is as follows:

The GO grouper grew much faster than the experimental grouper. The average weight of the GO grouper
in April 2019 was 245g while the EXP grouper was only 113g. This is mainly thought to be attributed to
the low stocking density of the GO tanks vs. EXP tanks as well as the type of food they were
given. Clearly, further research into the optimal diet and stocking density for grow-out of Coral Grouper
fingerlings is warranted.

Cannibalism and Related Challenges
Cannibalism decreased substantially once the fish were moved into a larger grow out system where there
were fewer fish in a greater water volume and increased access to shelter. Although, there was an
increase in shelter area compared to their hatchery environment, even more shelter area would have
benefitted the fish, most likely reducing stress, competition for shelter, and subsequent cannibalism.
Adequate feeding remained an issue for not all fish would accept a commercial pellet diet. Frequently,
mortalities were undersized and emaciated indicating these fish were not eating the presented
commercial feed. However, those fish who did accept the commercial pellet feed, grew and remained
healthy. Although the coral grouper cultured under this project did not display their full growth potential,
improvements in the hatchery production of fingerlings described herein will facilitate the mass culture
of coral grouper fingerlings for further refinement of grow-out methods.
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